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Nitrate-reducing enrichments, amended with n-hexadecane, were established with petroleum-contaminated
sediment from Onondaga Lake. Cultures were serially diluted to yield a sediment-free consortium. Clone
libraries and denaturing gradient gel electrophoresis analysis of 16S rRNA gene community PCR products
indicated the presence of uncultured alpha- and betaproteobacteria similar to those detected in contaminated,
denitrifying environments. Cultures were incubated with H34-hexadecane, fully deuterated hexadecane (d34-
hexadecane), or H34-hexadecane and NaH13CO3. Gas chromatography-mass spectrometry analysis of silylated
metabolites resulted in the identification of [H29]pentadecanoic acid, [H25]tridecanoic acid, [1-13C]pentade-
canoic acid, [3-13C]heptadecanoic acid, [3-13C]10-methylheptadecanoic acid, and d27-pentadecanoic, d25-, and
d24-tridecanoic acids. The identification of these metabolites suggests a carbon addition at the C-3 position of
hexadecane, with subsequent �-oxidation and transformation reactions (chain elongation and C-10 methyl-
ation) that predominantly produce fatty acids with odd numbers of carbons. Mineralization of [1-14C]hexa-
decane was demonstrated based on the recovery of 14CO2 in active cultures.

Linear alkanes account for a large component of crude and
refined petroleum products and, therefore, are of environmen-
tal significance with respect to their fate and transport (38).
The aerobic activation of alkanes is well documented and in-
volves monooxygenase and dioxygenase enzymes in which not
only is oxygen required as an electron acceptor but it also
serves as a reactant in hydroxylation (2, 16, 17, 32, 34). Alkanes
are also degraded under anoxic conditions via novel degrada-
tion strategies (34). To date, there are two known pathways of
anaerobic n-alkane degradation: (i) alkane addition to fuma-
rate, commonly referred to as fumarate addition, and (ii) a
putative pathway, proposed by So et al. (25), involving carbox-
ylation of the alkane. Fumarate addition proceeds via terminal
or subterminal addition (C-2 position) of the alkane to the
double bond of fumarate, resulting in the formation of an
alkylsuccinate. The alkylsuccinate is further degraded via car-
bon skeleton rearrangement and �-oxidation (4, 6, 8, 12, 13, 21,
37). Alkane addition to fumarate has been documented for a
denitrifying isolate (21, 37), sulfate-reducing consortia (4, 8,
12, 13), and five sulfate-reducing isolates (4, 6–8, 12). In addi-
tion to being demonstrated in these studies, fumarate addition
in a sulfate-reducing enrichment growing on the alicyclic al-
kane 2-ethylcyclopentane has also been demonstrated (23). In
contrast to fumarate addition, which has been shown for both

sulfate-reducers and denitrifiers, the putative carboxylation of
n-alkanes has been proposed only for the sulfate-reducing iso-
late strain Hxd3 (25) and for a sulfate-reducing consortium (4).
Experiments using NaH13CO3 demonstrated that bicarbonate
serves as the source of inorganic carbon for the putative car-
boxylation reaction (25). Subterminal carboxylation of the al-
kane at the C-3 position is followed by elimination of the two
terminal carbons, to yield a fatty acid that is one carbon shorter
than the parent alkane (4, 25). The fatty acids are subject to
�-oxidation, chain elongation, and/or C-10 methylation (25).

In this study, we characterized an alkane-degrading, nitrate-
reducing consortium and surveyed the metabolites of the con-
sortium incubated with either unlabeled or labeled hexadecane
in order to elucidate the pathway of n-alkane degradation. We
present evidence of a pathway analogous to the proposed car-
boxylation pathway under nitrate-reducing conditions.

MATERIALS AND METHODS

Initial enrichment conditions. Nitrate-reducing sediment slurries were estab-
lished with a 10% sediment inoculum from Onondaga Lake (New York) in a
basal salt medium (29), which was degassed under argon (pH, 7.0 � 0.5).
Twenty-milliliter aliquots were dispensed into 40-ml serum bottles, sealed with
butyl rubber stoppers, and crimp-sealed with aluminum caps. Sterile controls
were autoclaved three times during three consecutive days. Cultures were
amended with 3 �l of filter-sterilized hexadecane (approximately 10 �mol). This
amount of alkane exceeds the solubility of hexadecane and thus served as an
overlay. Background controls were not amended with alkane substrate. Degra-
dation activity was determined by monitoring nitrate loss via ion chromatogra-
phy. Nitrate loss was attributed to hexadecane degradation when nitrate loss was
no longer observed in the background controls. Active enrichment cultures were
serially diluted until the cultures were sediment-free.

Maintenance growth conditions. Sediment-free cultures were maintained in
modified Taylor medium (29). The medium was dispensed in 100-ml aliquots
into 125-ml serum bottles, sealed with butyl rubber stoppers, and autoclaved.
After the medium cooled, filtered-sterilized solutions (MgSO4, trace elements,
and vitamins) were added. The addition of MgSO4 (approximately 400 �M) was
considered negligible compared to the stoichiometric requirement to oxidize a
significant amount of the added hexadecane (see reference 27 for estimates), and
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the redox conditions of the medium were not conducive to sulfate reduction.
Cultures were established with a 10% inoculum of pregrown culture, amended
with an overlay of filter-sterilized hexadecane (30 �l; approximately 100 �mol),
and incubated horizontally in the dark at 30°C. Cultures were monitored for
nitrate loss via ion chromatography and propagated when the nitrate was de-
pleted. After metabolite analysis, which demonstrated carbon addition to hexa-
decane (see Results), the medium was adjusted to include 30 mM (2.5 g liter�1)
of NaHCO3.

DNA extraction and PCR amplification. Total genomic DNA was extracted
from 3 ml of grown culture by a method adapted from Rainey et al. (22). For
denaturing gradient gel electrophoresis (DGGE) analysis, consortium DNA was
amplified with the 16S rRNA gene primers 27F and 519R (15). For the 16S clone
library, DNA was amplified with the 16S rRNA primers 27F and 1525R (15). The
50-�l reaction mixtures contained 3 �l of DNA template, 20 pmol of each
primer, and 45 �l SuperMix (Invitrogen). PCR conditions for 16S rRNA gene
amplification were as follows: 95°C for 5 min, followed by 30 cycles of 94°C for
30 s, 55°C for 30 s, and 72°C for 1.5 min. A final extension step was carried out
at 72°C for 10 min. The 50-�l reaction mixtures used to reamplify excised DGGE
bands were modified to include 6 �l of template, 15 pmol of each primer (27F
and 519R), and 1.5 mM MgCl2. PCR conditions were the same as described
above. PCR products were purified using the QIAquick PCR purification kit
(Qiagen Inc.).

Construction of 16S rRNA gene clone library and DGGE. Purified PCR
products were cloned into the pCR4-TOPO vector (Invitrogen) following the
manufacturer’s instructions. PCR products for DGGE were separated using the
DCode universal mutation system (Bio-Rad). PCR products (45 �l) were loaded
onto an 8% (wt/vol) polyacrylamide gel with a denaturing gradient between 20%
and 80% (100% denaturant contained 40% formamide and 7 mM urea). Elec-
trophoresis was performed for 16 h at 55 V and 60°C in TAE buffer (40 mM
Tris-acetate, 1 mM EDTA). The gel was stained with SYBR green I (Sigma
Aldrich) and photographed under UV transillumination by using a Kodak EDAS
290 gel imaging system. Visible bands were excised, eluted in sterile deionized
water, and reamplified as described above. PCR products were purified as de-
scribed above and sequenced.

Sequence analysis. 16S PCR products were sequenced using the 16S rRNA
gene primers 27F, 530F, 926F, 519R, 1100R, and 1525R (15). Sequences were
compared to sequences found in GenBank by using the BlastN algorithm. Neigh-
bor-joining trees were made in the MEGA3 program (14) by using the Tajima
Nei distance method. 16S rRNA clone sequences that shared at least 97%
identity were grouped into operational taxonomic units (OTUs).

Metabolite identification. Triplicate cultures (100 ml) were established with a
10% inoculum of an H34-hexadecane-grown culture and incubated with 30 �l of
H34-hexadecane (Sigma Aldrich), 30 �l of fully deuterated hexadecane (d34-
hexadecane; Aldrich Chemical Company), or 30 �l of H34-hexadecane (approx-
imately 100 �mol) and 3 ml of NaH13CO3 (84 g liter�1 stock) (Cambridge
Isotope Laboratories). The nitrate concentration was approximately 10 mM (620
mg liter�1). Cultures were incubated in the dark at 30°C and monitored for
nitrate loss via ion chromatography. Following nitrate loss (�90%), cultures
were extracted with ethyl acetate (Fisher Scientific), derivatized with BSTFA
(N,O-bis(trimethylsilyl)trifluoroacetamide) (Sigma Aldrich) and analyzed by gas
chromatography-mass spectrometry (GC-MS) as previously described (4, 13).

Mineralization. A master culture was established with a 15% inoculum of
pregrown culture in the maintenance medium except that the nitrate concentra-
tion was 5 mM (310 mg liter�1). Twenty-five-milliliter aliquots were dispensed
into 30-ml serum bottles, sealed with Teflon-coated stoppers, and crimped with
aluminum caps. Sterile controls were autoclaved. [1-14C]Hexadecane was dis-
solved in unlabeled hexadecane to make stock concentrations of 0.08 �Ci �l�1

for sterile controls and 0.128 �Ci �l�1 for active cultures. Two microliters of the
stock solutions were added to the respective cultures (approximately 6.8 �mol).
Cultures were shaken for one hour at 200 rpm to disperse the hexadecane and
incubated in the dark at 30°C without shaking. Following complete nitrate loss,
cultures were acidified with 1 ml of 6 N HCl. Serum bottles were degassed with
N2 for 15 min, and the 14CO2 was directed into three scintillation vials containing
10 ml of Oxosol C14 scintillation fluid (National Diagnostics). Two milliliters of
the acidified culture suspension was added to 10 ml of UniScint BD scintillation
cocktail (National Diagnostics). Samples were counted on a Beckman Coulter LS
5000TD scintillation counter.

Protein assay. Cells (40 ml) from six replicates of cultures incubated with
unlabeled hexadecane were collected by centrifugation, hydrolyzed by boiling in
1 N NaOH, and then analyzed for protein with the Bio-Rad protein assay kit.
Initial protein concentrations were estimated by determining the protein content
of replicate samples of a grown culture used as inoculum and adjusting for the
inoculum dilution (15%).

Chemical analysis. Derivatized samples of cultures grown on H34-hexadecane,
d34-hexadecane, or H34-hexadecane with NaH13CO3 were analyzed on an Agi-
lent 6890N GC system equipped with an HP-5MS column (30-m-by-0.25-mm
internal diameter) as previously described (4, 13). Nitrate analysis was performed
on an ion chromatograph (DX-120; Dionex Corporation) equipped with an ion
exchange column (4 by 250 mm; IonPac AS9-SC) and a conductivity detector as
previously described (4).

Nucleotide sequence accession numbers. Representative OTU sequences can
be found in GenBank under accession numbers EU083479 through EU083504.
16S rRNA DGGE gene sequences can be found in GenBank under accession
numbers EU083505 through EU083516.

RESULTS

Several serial dilutions of nitrate-reducing enrichments re-
sulted in a sediment-free consortium that utilizes hexadecane
as a sole carbon source. Microscopic analysis of culture sam-
ples revealed adhesion of cells to the hexadecane droplets, and
several morphologies were observed. Protein concentrations
increased 6.6 (�0.3)-fold during growth on hexadecane (data
not shown). This is consistent with the expected growth from a
15% inoculum. Nitrate loss was demonstrated in all active
treatments (unlabeled, deuterated, and NaH13CO3-labeled
treatments) relative to sterile controls, which did not exhibit
nitrate loss (see Fig. S1 in the supplemental material). Produc-
tion of nitrite (1.84 � 0.78 mM) was observed for the deuter-
ated active cultures, which were slow growing compared to the
cultures with other treatments. Nitrous oxide was detected in
the headspace of active bottles (data not shown) but was not
detected in sterile controls.

Clone library and DGGE profiles of community 16S rRNA
gene products. Sixty 16S rRNA gene clones were sequenced
and grouped into 26 OTUs. OTUs were defined as sequences
that shared at least 97% identity. Approximately half of the
sequences in the library were most similar to 16S rRNA genes
of alpha- and betaproteobacterial isolates (see Fig. S2 in the
supplemental material). There were three OTUs that consisted
of several clone sequences. OTUs 1, 26, and 23 are most
closely related to the genera Azoarcus, Planctomyces, and
Deinococcus, respectively. Separation of the 16S rRNA gene
products via DGGE analysis resulted in a sequence (DGGE
band 7) similar to Azoarcus, which was also detected in the 16S
clone library (see Fig. S3 in the supplemental material). Inter-
estingly, another sequence, DGGE band 8, is 82% identical to
a hexadecane-degrading gammaproteobacterium, strain HdN1.
Strain HdN1 is a denitrifier that utilizes C14 to C20 alkanes
(10).

Consortium incubated with H34-hexadecane. The terminal
or subterminal addition of alkanes to fumarate produces alkyl-
succinates that are further oxidized (4, 6, 12, 13, 21, 36, 37). In
this study, no evidence of fumarate addition (i.e., n-hexadecyl-
succinic acid, methylpentadecylsuccinic acid, 2-methylhexadec-
anoic acid, and/or 4-methyloctadecanoic acid) was found in
active consortium cultures incubated under unlabeled or la-
beled conditions. However, several metabolites that are clearly
consistent with the pathway proposed by So et al. (25) were
identified. Putative carboxylation at the C-3 position of H34-
hexadecane would produce 2-ethylpentadecanoic acid. �-Oxi-
dation of this putative metabolite could result in either the
elimination of the two terminal carbons or the loss of a butyryl
group, yielding either pentadecanoic acid (25) or tridecanoic
acid, respectively. Both of these metabolites were identified
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and compared to authentic standards. The M� and (M-15)�

ions of the silylated pentadecanoic acid metabolite occurred at
m/z 314 and m/z 299, respectively. Other key ions included
those at m/z 145, 132, 129, 117, and 73 (Fig. 1A). The ion at m/z
145 is thought to result from the formation of distonic ions
(28). The loss ofOCH4 from m/z 145 produced a fragment at
m/z 129 via another proton transfer reaction (31). Pentade-
canoic acid also underwent a McLafferty rearrangement (18)
during GC-MS analysis to produce the ion at m/z 132. Further
fragmentation due to the loss of a methyl radical species
yielded an ion at m/z 117 (19). The ion fragment at m/z 73 is
due to the trimethylsilyl group in the BSTFA-derivatized me-
tabolite (20).

In addition to �-oxidation of the putative 2-ethylpentade-
canoic acid resulting in loss of a butyryl group, tridecanoic acid
could also be formed via �-oxidation of the pentadecanoic acid
metabolite. When silylated, tridecanoic acid has an M� ion at
m/z 286 and an (M-15)� ion at m/z 271 (Fig. 1B). Key ions
included those at m/z 145, 132, 129, 117, and 73, produced by
pathways similar to those described for pentadecanoic acid.

Consortium incubated with d34-hexadecane. Analogous to
the proposed pathway under unlabeled conditions, two metab-
olites were identified in extracts of cells incubated with d34-
hexadecane. Putative carboxylation at the C-3 position of d34-

hexadecane would produce deuterated 2-ethylpentadecanoic
acid. Although this metabolite was not identified, �-oxidation
of this putative metabolite could result in pentadecanoic acid
(25) and/or tridecanoic acid. Both of these metabolites were
identified. Retention of all the deuterium atoms would pro-
duce a pentadecanoic acid metabolite with M� and (M-15)�

ions at m/z 343 and 328, respectively. However, the observed
metabolite had M� and (M-15)� ions at m/z 341 and 326,
respectively (Fig. 1C). This is consistent with the results of So
et al. (25). The loss of deuteriums near the carboxyl moiety is
thought to result from isotope exchange during carboxylation,
leaving one hydrogen atom located at C-2 and another hydro-
gen atom within C-3 to C-5 of the molecule (25). This conclu-
sion is further supported by the observation of key ions at m/z
133 and 134, which would result from McLafferty rearrange-
ments of the metabolite in which an H atom (m/z 133) or
deuterium atom (m/z 134) at C-3 is transferred to the carbonyl
group. The ions at m/z 118, 130, and 148 would result from
pathways similar to those described for unlabeled pentade-
canoic acid. Deuterated pentadecanoic acid was not detected
in sterile controls.

�-Oxidation of either d31-2-ethylpentadecanoic acid (puta-
tive) or d27-pentadecanoic acid would produce deuterated

FIG. 1. Mass spectra of the silylated putative metabolites H29-pentadecanoic acid from consortium cultures incubated with unlabeled hexa-
decane (A), H25-tridecanoic acid from consortium cultures incubated H34-hexadecane (B), d27-pentadecanoic acid from cultures incubated with
d34-hexadecane (C), d24- and d25-tridecanoic acids from cultures incubated with d34-hexadecane (D), [1-13C]pentadecanoic acid from cultures
incubated with H34-hexadecane and NaH13CO3 (E). Chemical structures represented by the mass spectra are shown in insets. (*) indicates
13C-labeled carbon atoms. OTMS, trimethylsilyl ester.
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tridecanoic acid, which was identified. Two metabolites co-
eluted having M� and (M-15)� ions at m/z 310 and 311 and at
m/z 295 and 296, respectively (Fig. 1D). Other key ions oc-
curred at m/z 149, 135, 132, 119, and 73 and were analogous to
those formed under unlabeled conditions. The detection of
these two metabolites provides further evidence of isotope
exchange during the putative carboxylation. If one of the hy-
drogen atoms is located at the C-3 position of d27-pentade-
canoic acid or d31-2-ethylpentadecanoic acid, it would be lost
during �-oxidation, producing d25-tridecanoic acid with an M�

ion at m/z 311. However, a hydrogen atom located at the C-4
or C-5 position would yield d24-tridecanoic acid with an M�

ion at m/z 310 after �-oxidation. The deuterated tridecanoic
acids were not detected in sterile controls.

Consortium incubated with H34-hexadecane and NaH13CO3.
Putative carboxylation at the C-3 position of H34-hexadecane
would produce [1-13C]2-ethylpentadecanoic acid if the car-
boxyl moiety was derived from NaH13CO3. Although this me-
tabolite was not identified, �-oxidation of [1-13C]2-ethylpenta-
decanoic acid would produce [1-13C]pentadecanoic acid and/or
H25-tridecanoic acid, which were both detected. [1-13C]Penta-
decanoic acid was identified based on key ions that would
result from the rearrangements cited for unlabeled pentadec-
anoic acid (Fig. 1E). The M� and (M-15)� ions were 1 atomic
mass unit higher than that for H29-pentadecanoic acid and
occurred at m/z 315 and m/z 300, respectively. The ions at m/z
146, 133, and 118 are produced by the same rearrangement
pathways as mentioned above and reflect the incorporation of
the 13C label. [1-13C]Pentadecanoic acid was not detected in
sterile controls. Further degradation of this product via �-ox-
idation would result in the loss of the 13C label to produce
H25-tridecanoic acid, which was detected (Fig. 1B). Two addi-
tional metabolites were identified consistent with chain elon-
gation of [1-13C]pentadecanoic acid and subsequent methyl-
ation of the elongated fatty acid. Both [3-13C]heptadecanoic
acid and [3-13C]10-methylheptadecanoic acid were identified
based on their predicted mass spectra (data not included).
Neither of these putative metabolites was detected under ster-
ile treatment conditions.

Mineralization of [1-14C]hexadecane. After 67 days of incu-
bation, mineralization of [1-14C]hexadecane to 14CO2 was
demonstrated in active consortium cultures. Recoveries of the
14C label as 14CO2 were 21.9% � 1.55% and 1.34% � 0.22%
in active and autoclaved cultures, respectively. Calculations
were based on the average for four replicates for each condi-
tion. Based on the measured nitrate loss in the experimental
control, the recovery of label in active cultures accounts for
conversion of 27% of the added hexadecane. Some hexadec-
ane may have been lost to sorption to the stopper and/or
volatilization. The remainder of the label, presumably, would
be incorporated into the soluble metabolites. Attempts to re-
cover the label from acidified culture were unsuccessful, and it
is hypothesized that there was a component in the medium that
quenched the signal. Nonetheless, these results serve to dem-
onstrate that CO2 is one of the end metabolites in the hexa-
decane degradation pathway, and they are consistent with So
and Young (26), who reported approximately 20% conversion
of hexadecane to CO2 for a denitrifying enrichment after 137
days.

DISCUSSION

Onondaga Lake is one of the most polluted lakes in the
United States. Population growth and industrialization have
resulted in extensive environmental contamination with mer-
cury, petroleum hydrocarbons, polychlorinated biphenyls, and
chlorinated benzene (9). Due to the long history of contami-
nation in Onondaga Lake, Onondaga Lake sediment was used
to establish a nitrate-reducing enrichment amended with hexa-
decane in order to study alkane metabolism. The utilization of
hexadecane as a carbon source was demonstrated by protein
production, significant nitrate loss (relative to controls), min-
eralization of [1-14C]hexadecane, and the detection of several
labeled and unlabeled metabolites. After several serial dilu-
tions of the enrichment, the consortium was morphologically
diverse, based on the microscopic observation of several rod-,
coccus-, and vibrio-shaped bacteria. Given the tendency of the
cells to adhere to the alkane, hexadecane carryover during
culture transfer contributed significantly to the carryover of
several morphotypes. Sequence analysis of the nitrate-reducing
consortium indicated that several consortium members are
most closely related to alpha- and betaproteobacteria. One
sequence was related (82% identity) to the alkane-degrading
denitrifier strain HdN1, which utilizes C14 to C20 alkanes as
growth substrates (10). The majority of the clone and DGGE
16S rRNA sequences, however, are only distantly related to the
cultured and characterized microorganisms. Isolation and fur-
ther characterization of pure cultures is required to definitively
assign alkane-degrading activity.

Alkanes are considered to be among the least reactive hy-
drocarbons. The activation of C-H bonds in aliphatic hydro-
carbons usually requires metal catalysts, high temperatures,
high pressures, or UV light (11). Despite the chemical inert-
ness of n-alkanes, anaerobes have developed unique hydrocar-
bon activation strategies. The addition of aromatic and ali-
phatic compounds to fumarate has been demonstrated with
microorganisms that differ phylogenetically and physiologically
(for reviews, see references 3, 5, 33, and 35). Specifically, in the
case of n-alkanes, addition to fumarate has been shown for
both sulfate reducers and denitrifiers (4, 6, 13, 21, 36, 37),
whereas the putative carboxylation pathway of n-alkanes has
been observed only in sulfate reducers (4, 25). More impor-
tantly, it is not clear from these studies whether carboxylation
is the first step in alkane activation. Subterminal carboxylation
at the C-3 position of hexadecane would yield 2-ethylpentade-
canoic acid. This metabolite was not identified by So et al. (25)
or Callaghan et al. (4), nor was it identified in this study,
suggesting either that this putative metabolite is transient or
that the first steps in degradation involve activation by other
means. Direct carboxylation of alkanes is not energetically
favorable under standard conditions (Gibbs free energy
[�G°�] 	 �28 kJ/mol) (30). Given that carbon dioxide has
been implicated as a precursor in other reactions, such as the
anaerobic methylation of naphthalene (24), it is conceivable
that alternative reactions to the proposed carboxylation are
involved in the carbon addition to the alkane. It has been
speculated that the first steps in alkane activation may in fact
be a reversal of alkane formation (i.e., formation of an alkyl-
metal compound, which reacts with bound carbon monoxide to
yield an acyl-metal complex, followed by elimination of the acyl
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group) (1). Therefore, caution should be taken when interpret-
ing how the alkane is “activated.” Nonetheless, as discussed
below, this study presents evidence for a pathway other than
“fumarate addition” under nitrate-reducing conditions that is
analogous to the pathway proposed by So et al. (25) (Fig. 2).

As previously stated, metabolites consistent with alkane ad-
dition to fumarate were not detected. The absence of these
metabolites does not necessarily rule out the possibility that
fumarate addition may still play a role in alkane metabolism in
this culture. Multiple pathways for anaerobic alkane metabo-
lism in a single culture have been reported (4). As a minor
pathway, fumarate addition may produce metabolite concen-
trations below the level of detection and/or metabolites that
are quickly consumed. Regardless, we identified several me-
tabolites (H29-, d27-, and [1-13C]pentadecanoic acids) in ex-
tracts of consortium cells incubated with H34-hexadecane, d34-
hexadecane or H34-hexadecane with NaH13CO3 which are
clearly different than what would be expected from fumarate
addition and which strongly suggest carbon addition at the C-3
position of hexadecane. The retention of the 13C label in
[1-13C]pentadecanoic acid is further evidence that the carbon
addition is derived from the labeled bicarbonate and that �-ox-
idation of the putative 2-ethylpentadecanoic acid could pro-
ceed with loss of the two terminal carbons. Subsequent �-ox-
idation of pentadecanoic acid would produce tridecanoic acid,
which was also identified under both unlabeled and deuterated
conditions. Although tridecanoic acid could also have been
produced via �-oxidation of the putative carboxylated interme-
diate, 2-ethylpentadecanoic acid, the relative amounts of pen-

tadecanoic acid in culture extracts were always significantly
greater than the relative amounts of tridecanoic acid. This may
suggest that the pathway likely proceeds through pentade-
canoic acid. However, given that metabolites in a consortium
are constantly in flux, further investigation is required. The
putative metabolite [3-13C]heptadecanoic acid, consistent with
chain elongation of [1-13C]pentadecanoic acid, and [3-13C]10-
methylheptadecanoic acid were also identified. These findings
are consistent with those of So et al. (25), who found that strain
Hxd3 produced predominantly fatty acids with odd numbers of
carbons when grown on alkanes with even numbers of carbons
and vice versa.

This study demonstrated an alternative pathway to fumarate
addition under nitrate-reducing conditions and is further evi-
dence that disparate anaerobes employ similar strategies dur-
ing hydrocarbon degradation. Although the mechanisms and
genetics of aerobic hydrocarbon biodegradation have been ex-
plored for more than 7 decades, very little is known about the
comparable activities and processes in anaerobic bacteria,
which are difficult to isolate and characterize. Study of the
fundamental mechanisms and genetics of anaerobic hydrocar-
bon metabolism will substantially improve our understanding
of the fate and transport of hydrocarbons in contaminated
environments and provide insight regarding the novel bio-
chemical reactions governing these processes.
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